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ABSTRACT 
 
The detection and enrichment of circulating melanoma cells is a challenge as the cells are very 
heterogeneous in terms of their biomechanical properties and surface markers. In addition, 
there is a lack of valid and reliable biomarkers that predict progress and therapeutic response. 
We here analyzed the elasticity of A375 melanoma cells applying force spectroscopy and a 
microfluidic method. To identify and eventually separate circulating tumor cells, it is crucial to 
precisely know their physical properties. First, we used standard AFM force spectroscopy, 
where the elasticity of the cells is calculated from indentation with a pyramidal tip. To extend 
the limits of measurement with a tip, we then used cantilevers without a tip to press on the 
cells over a large area. The resulting Young’s moduli are slightly lower and vary less without tip 
presumably because of the inhomogeneity of the cells. Finally, we implemented our 
microfluidic method. We measured single cell elasticity by analyzing its deformation in high-
speed micrographs while passing a stenosis. Combining the force field and the change in shape 
provides the basis for a stress strain diagram. The results from microfluidic deformation 
analysis were in accordance with the results from force spectroscopy. The microfluidic method 
provides advantages over conventional methods, since it is less invasive and less likely to harm 
the cell during the measurement, and the whole cell is measured as one entity without contact 
to a stiff substrate, while force spectroscopy is limited to the contact area of the tip, and in 
some cases dependent of the cell substrate interaction. Consequently, microfluidic 
deformation analysis allows to predict the overall elastic behavior of the whole 
inhomogeneous cell in three-dimensional force fields. This method may contribute to improve 
the detection of circulation melanoma cells in the clinical practice. 
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INTRODUCTION 
 
During the last decade circulation tumor cells gained increasingly attention as a prognostic 
biomarker[1]. They may be detected at any time of the disease and have been associated to 
disease prognosis, prediction of response to treatment, early detection of treatment 
resistance or simply to gain tumor cells for analysis, when a biopsy cannot be taken[2], [3]. 
Challenges are for once the low concentration of CTCs, and their physical similarity to 
leucocytes. In malignant melanoma in particular, there is great heterogeneity in the circulating 
melanoma cells with regard to their surface markers and the physical cell properties such as 
size and plasticity[4], which makes enrichment and sorting challenging. Pathological changes 
such as tumor formation and metastasis often become apparent through altered mechanical 
properties of the cells [5]. The deformability plays a crucial role in extravasation of both 
leukocytes and melanoma cells [6]. To use these properties to optimize e.g. a mechanical filter 
system, it is of vital importance to determine small differences in elasticity and size between 
different cell types. The A375 (ATCC® CRL-1619™) cell line is a human melanoma cell line 
initiated through explant culture of a solid tumor from a 54-year-old female and has been used 
e.g. to obtain paracrine factors for prolonged culture of mesenchymal stromal cells [7].  On 
that basis, we study the elasticity of A375 melanoma cells using force spectroscopy and 
microfluidic deformation analysis. 

Common methods of determining elasticity are particle-tracking microrheology, optical 
stretching, micropipette aspiration and microindentation [5], [8], [9]. In particle-tracking 
microrheology, fluorescent particles are injected into cells to visualize thermal vibrations [10]. 
How the particles themselves might affect the measured mechanical properties is not clear 
[5]. Optical stretching combines a dual laser beam and a microfluidic system. The cells can be 
caught in an optical trap and stretched in a well-defined manner. Here the elasticity is 
calculated from the changes in refractive index [8]. The concept of micropipette aspiration is 
to apply negative pressure to a pipette tip that is in contact with the cell surface [11]. The 
elasticity calculated from the deformation of the aspired piece of membrane predominantly 
describes the properties of the membrane, and not of the entire cell body [5]. Force 
spectroscopy using an atomic force microscope (AFM) or, more general, microindentation is a 
method to punch an indenter with well-defined geometry into a cell. The resulting force-
indentation curves allow for determination of the Young's moduli of cells by fitting them, e.g. 
to the Hertz model [5]. Depending on the method, the level of applied mechanical stress, the 
rate of deformation, the geometry of the probe, the location probed in the cell, and the 
extracellular microenvironment, the results can vary by up to a factor of 1000 [8].  

Hochmuth et al. use micropipette aspiration to distinguish cell types that behave like a fluid 
drop from such that behave like a solid. Applying the negative pressure to the cell surface, the 
length of the aspirated membrane section increases linearly with increasing absolute pressure. 
Once aspirated, a fluid-like cell overcomes a critical pressure, above which it will slide into the 
pipette without resistance. For a solid-like cell, the linear relation of pressure and aspirated 
length is sustained. They find neutrophils to behave fluid-drop like with a surface tension of 
about 30 pN/µm and a viscosity on the order of 100 Pa s, while chondrocytes and endothelial 
cells are 100 times stiffer and behave solid-like with an elastic modulus of the order of 0.5 kPa 
[12]. 
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Hu et al. developed a microcytometer to calculate the cell’s elasticity from its deformation 
when squeezing into a microfluidic constriction. They distinguish between small and large 
deformation and find cancerous cells with 𝐸 ≈ 2 kPa significantly softer under small 
deformation than a normal breast epithelial cell line with 𝐸 ≈ 3 kPa. Under large deformation, 
however, when also the cell nucleus is deformed, the Young’s modulus rises to 𝐸 ≈ 4 kPa and 
the difference between the cell lines vanishes [13].  

Loizeau et al. measure metastatic WM239 melanoma cells by force spectroscopy with a 
spherical tip and find low values of 𝐸 ≈ 0.13 kPa. Moreover, Kuznetsova et al. present elastic 
moduli of various cell lines reviewing the AFM force spectroscopy results of several groups. 
They report leukocytes to be significantly softer 𝐸 ≈ 0.1 kPa than any other cell type. 
Endothelial cells, osteoblasts, astrocytes and fibroblasts all range in between 𝐸 ≈ 5 − 10 kPa, 
erythrocytes and muscle cells are harder 𝐸 ≈ 15 kPa. The highest reported Young’s Modulus 
exhibit cardiocytes with 𝐸 ≈ 100 kPa [14]. 

There is a lack of a comprehensive view of melanoma cell elasticity, particularly one that 
describes the elasticity at the whole cell level. Here we apply two methods to determine this 
for the melanoma model cell line A375 to fill this gap. The first approach is AFM force 
spectroscopy, where we step away from the usual cantilever with tip. A pointy tip carries the 
risk of puncturing and damaging the cell [15], while a large, spherical tip may catch more of 
the substrate [16]. Abandoning the tip and pressing on the cell with the flat side of the 20 μm 
wide cantilever, we measure not only local elastic properties, but rather the elasticity of the 
whole cell as a homogeneous object. 

However, even for small indentations an indirect influence of the substrate to the elasticity of 

the cell is possible. Thus, especially for cells, which in vivo either grow in a soft environment 

or circulate in the blood flow, it might be more appropriate and advantageous to use a method, 

which studies the cell as one whole object in a fluid instead of punctuating it. Thus, we 

additionally employ a microfluidic method of that kind. 
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METHODS 
 
Cell culture 

The A375 cells (ATCC® CRL-1619™) studied here are human malignant melanoma cells. They 
were cultivated under standard conditions of 37°C and 5% CO2 in DMEM (30-2002, ATCC, 
Virginia, United States) containing 10% FBS (Bio&Sell) and 1% Penicillin-Streptomycin (Sigma-
Aldrich). 

 
Force Spectroscopy 

Force spectroscopy on adherent A375 melanoma cells was performed with a NanoWizard 
BioAFM (JPK instruments AG, Berlin, Germany) on PLL-coated glass (coating with Poly-L-Lysine, 
0.1% w/v, in water, Thimerosal, 0.01%, added as preservative, SIGMA ALDRICH CHEMIE GMBH, 
Germany), diluted in phosphate buffered saline (4:996 PLL:PBS) and incubated for 1 hour at 
room temperature) in DMEM suspension. The cell was approached at 1 µm/s until reaching a 
setpoint of 2 nN, followed by retraction after a pause of 1s. The first micrometer of indentation 
is input to extract the Young’s modulus from the approach force distance curves. Figure 1 
shows an example of one measurement including the approach and retract curves. In force 
spectroscopy, usually several hundred of such scans are performed for one measurement. To 
avoid damages by the frequent indentation, the number of scans is reduced to typically 10 
measurement curves per cell for this work. 

For the measurements AFM with tip a pyramid-shaped tip of the type MLCT-BIO (Bruker 
company, Massachusetts, United States) with an edge length of about 3 μm, tip radius 20 nm, 
an angle of α = 35°, and a cantilever stiffness of 30 mN/m is used. AFM without tip implies, 
that cantilevers with 20 μm width without a tip are used (MLCT-010-D, Bruker Company, 
Massachusetts, United States). To adjust the model underlying the fit function, we 
approximate the geometry by a spherical shape with radius R = 10 μm. 

Microfluidic Method Microchannel design and measurement setup 

The microchannel consisted of a polydimethylsiloxane (PDMS) single layer fabricated by 
standard soft lithography [17], which was bonded on a glass slide by plasma activation. 
Generally, all channels were 7 mm long, 27 μm in depth, and 50 μm in width. The central part 
of interest is comprised of a single stenosis, see Figure 4A, in which the channel width was 
reduced from 50 μm to 5 μm or 7 μm. The setup consisted of the microchannel, a pipet tip 
serving as the cell suspension reservoir, and a syringe pump (Harvard PHD2000, Harvard 
Apparatus). A Hamilton Gastight Syringe (Hamilton Bonaduz AG) containing phosphate 
buffered saline (PBS, pH= 7.4) was connected to the microchannel via a polyfluoroethylene 
(PTFE) tube. The pump was operated in reverse mode to provide a controlled flow by drawing 
the suspension from the reservoir through the microfluidic channel at a flowrate of Q=75µl/h. 
We observed the cells using the 20× objective of an inverted microscope (Zeiss Axiovert200) 
equipped with a high-speed video camera (FASTCAM Mini UX50 type 160K-M-16G, Photron). 
The videos were recorded with the software Photron Fastcam Viewer PFV from Photron at 
2000 frames per second, 1280 × 120 pixel resolution, 1/40 000 s exposure resulting in a 
maximum total of 74 531 frames or 37 s in real time covering an area of 704 × 66 μm². For 
analysis, we adapted our customized software SURF, introduced earlier [18], [19]. 
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RESULTS 

Elasticity of melanoma cells – force spectroscopy 

Fig. 1A shows an adherent A375 cell on a slide coated with PLL and the cantilever with and 

without tip. As illustrated in Figure 1B, the Young´s modulus of these cells was determined 

using conventional cantilevers with a pyramidal tip and with a tipless cantilever. Typical 

indentation curves are shown in Figure 1C. By fitting the indentation curves in the indentation 

δ range of 0 µm<δ<1 µm and applying a Hertz-model, the Young’s modulus E was extracted 

from each curve. For both the AFM measurements with and without tip, typically the first ten 

indentation curves of each cell were analyzed. More extensive tests with tip show that for n= 

100 repetitions the cell appears slightly harder, and from n= 200 on significantly harder than 

at the beginning (see SI Figure S1). 

For the two different measuring methods AFM with tip and AFM without tip, the values for the 

elasticity of the A375 cells differ as shown in Figure 1D. Without tip we found the elastic 

modulus to be E = 660 Pa ± 371 Pa. With tip, the elastic modulus is higher with E = 1671 Pa ± 

1111 Pa, and the error bar is larger. For each method, with and without tip, 50 cells were 

measured over three measurement days, involving 10 force curves for each cell. The sample 

ICC value [20] comparing the range of the results on one day to the variation between the 

measurement days is close to zero in the without tip case (ICCday, no tip=-0.08), and with tip we 

find a low ICC of ICCday, tip=0.2. Comparing the scattering of the values within one cell to the 

differences between cells, however, results in high ICC values (ICCcell, no tip=0.84, ICCcell, tip=0.66).  

 

Figure 1 A) Cantilever with pyramidal tip type MLCT-BIO and micrograph with cantilever without tip approaching an 
adherent A375 cell. B) Principle AFM with and without tip. C) Force-distance curve of an exemplary measurement with 
cantilever stiffness k=0.03 N/m, force setpoint f=2 nN, approaching speed v=1 µm/s and approaching distance d=5 µm. 
The pause between approach and retract is 1 s at constant force. D) Comparison of AFM force spectroscopy results of the 
Young's modulus of A375 cells using a cantilever with tip and one without tip. The boxplot summarizes the results on ∼ 50 
cells with ∼ 10 force curves per cell of AFM measurements with and without tip. The cantilever without tip is 20 μm wide 
at the front, and the tip radius of the approximately 3 μm long tips used here is 20 nm. 
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Concluding, the values correlate strongly within a cell, and therefore only mean values over 

each cell are summarized in the box plot here. The low ICCday values justify to treat each cell 

as an independent measurement. The lower correlation and larger error bars for the results 

with tip might arise for two reasons: If the cell is penetrated, higher values may occur because 

the underlying harder substrate contributes to the effective elasticity[21]. In addition, the 

inhomogeneity of the cell has a greater influence on the result with a smaller contact area.  

To quantify and describe the alluded inhomogeneity of the cells, we move on to scanning 
single cells systematically with an AFM tip choosing equidistant measurement positions with 
x- and y- spacing of 1.5 µm. Figure 2A shows an exemplary map of an A375 cell. The central 
part, where the nucleus is located, compare Fig. 2C, is roughly 10 times harder than the 
outer areas, compare Fig. 2B. 

The literature here offers a broad range of reported results. In summary, the morphology and 

elasticity landscape appear to depend strongly on the cell type. Hayashi et al. compare human 

cervical cancer cells and normal cervical cells and find the cancerous cells to be softer, but 

comparing central and peripheral elasticity, cancerous 

cells appear homogenous while the normal cells, like the 

A375 cell shown here, had a stiffer central body [22]. 

Galajda et al. image confluent human brain endothelial 

cells and find, contrary to our results, the cell body to be 

softer than the outer areas [23].  

To investigate further, how sensitive the results depend 

on the measurement method, we continue with varying 

the loading rate in force spectroscopy measurements 

without tip. As results differ strongly from cell to cell, we 

here normalize the Young’s modulus at different loading 

rates to a reference Young’s modulus determined at a 

loading rate of a=1.0 µm/s to be able to compare different 

cells, as shown in Fig. 3. In Figure 3 we show E as function 

Figure 3 Young‘ modulus E as a function of the 
loading rate  normalized to the Young’s 
modulus from reference measurements with a 
loading rate a=1.0 µm/s. The logarithmic fit 
function is E=0.98+0.19 ln (a+0.1). 

 

Figure 2 AFM force spectroscopy mapping of a cell using a cantilever with tip. A) Map of half a cell, measurement started 
at the center of the cell. B) typical force distance curve from the softer outer area, C) typical force distance curve from the 

central, stiffer part. 
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of the cantilever´s approaching velocity, as this was the modified parameter. The actual loading 

rate in the unit N/s slightly differs from cell to cell, due to the variation in elasticity between 

the cells. The Young’s modulus E as a function of the logarithmic loading rate a shows a linear 

relation. Lowering the loading rate by a factor of five entails a decrease in Young’s modulus of 

25%. Doubling the loading rate however raises the Young’s modulus by 10%.  

Li et al. study the elastic modulus of cancerous and benign human breast epithelial cells by 

AFM indenting with spherical tips and find hardening with increased loading rate as well, but 

the effect is stronger than in our experiments. The authors of that study report, that benign 

cells had 1.4-1.8 times higher Young’s moduli than malignant cells, and the hardening effect is 

more pronounced [24]. Ren et al. vary the loading rate even over three orders of magnitude 

(loading frequency f = 0.2-100 Hz) to measure the elasticity of prostate cancer cells. The 

resulting Young’s moduli range from 2 kPa at f = 0.2 Hz to 10 kPa at f = 100 Hz for untreated 

cells. They state, that the power law relation between Young’s modulus and frequency they 

find is characteristic for live human cells [25]. Moreover, Pogoda et al. study fibroblasts and 

A375 cells using an AFM with pyramidal tip for force spectroscopy. They average the 

measurements on a 12x12 point grid on each cell and find lower Young’s moduli upon deeper 

indentation. For indentation depths >800 nm the value is stable at E = 760 Pa ± 370 Pa [26], 

which agrees with our results.  

However, even for small indentations an indirect influence of the substrate to the elasticity of 

the cell is possible. Thus, especially for cells, which in vivo either grow in a soft environment 

or circulate in the blood flow, it might be more appropriate and advantageous to use a method, 

which studies the cell as one whole object in a fluid instead of punctuating it. Thus, we 

additionally employ a microfluidic method of that kind. 

  

Preprints (www.preprints.org)  |  NOT PEER-REVIEWED  |  Posted: 13 September 2021                   doi:10.20944/preprints202109.0214.v1

https://doi.org/10.20944/preprints202109.0214.v1


Elasticity of melanoma cells – microfluidic method 

Finally, the deformation of A375 cells is analyzed during passage of a microfluidic channel with 
a diameter of 27x50 µm² and a stenosis of 27x5 µm². At a flow rate of ~75 µl/h high speed 
micrographs with 2000 fps and 1/40000 s exposure are recorded. Exemplary micrographs are 
shown in Figure 4A. The cells are traced from frame to frame using the customized MATALB 
script SURF [19].   

We calculate the elastic modulus from the stress-strain-diagram. The strain ε is directly 

extracted from the images, where an ellipse approximates the cells’ outlines. The values for 

major and minor axis are plotted as a function of x-position in the channel for all traced cells 

and fitted by an exponential function, to describe phenomenologically the deformation by one 

representative, continuous function combining the data of ~2500 cells, compare Figure 4C. 

The strain ε is the relative change from the initial diameter of a round cell 𝑑 = 2𝑟0 to the 

elongated length L, which is the major axis of the ellipse, as shown in Figure 4A. 

 𝜀 =
𝐿 − 2𝑟0

2𝑟0
 (1) 

To calculate the strain, which is the force per area, we follow Dudani et al. and Armistead et 

al. and transfer their approach to calculate the forces in a “hydropipette”, a cross channel, 

where the cells are compressed by confluent streams. Assuming that the narrowing walls of a 

stenosis are comparable to Dudani et al.’s “hydropipetting”, we find the following expression 

for the total force 𝐹𝑆𝑡 on the flowing object in a microfluidic channel assuming a compressive 

component 𝐹𝐶  and a shear force component 𝐹𝑆 including the parameters fluid density ρ, fluid 

viscosity μ, velocity v, drag coefficient 𝐶𝑊, cell cross section 𝐴𝑆 and cell radius r [27],[28]. 

 𝐹𝑆𝑡 = 𝐹𝐶 + 𝐹𝑆 =
1

2
𝜌𝑣2𝐶𝑊𝐴𝑆 + 2𝜋𝑟𝜇𝑣 (2) 

As the force varies significantly over the extent of a cell, at each position in the channel, the 
strain is calculated as weighted average of the force per area in steps of one pixel from cell rear 
to cell front.  

In summary, the stress acting on the cells is calculated from the velocity (Figure 4 4C), the cell 
size, and the resulting drag force and shear force, to plot the stress as a function of the strain. 
For linear elastic materials, the Young’s modulus is the slope of the stress-strain-diagram. Such 
a diagram is shown in Figure 4D, it summarizes all ~2500 cell trajectories of one measurement. 
Figure 4E shows the resulting Young’s moduli for six independent measurements ranging from 
E = 300 Pa to E= 1000 Pa. 

For comparison, we examine the work of Otto et al. on the mechanical characterization of cells 
using flow cytometry [29], [30]. Adapting their model and using the deformation and size of 
the cells studied here as input, we can predict the Young’s modulus to be in the range of E=500-
800 Pa, which is in line with our results. 
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Figure 4 A) Design of the microfluidic stenosis narrowing from diameter d1 to diameter d2 over the elongational length e. The 
cell deforms from a round shape with its original diameter d=2r0 to an ellipse with major axis L. B) Exemplary micrographs of 
A375 cells passing a standard elongation d=7 µm stenosis. The area for the deformation analysis highlighted in red. C) Velocity, 
major and minor axes from one measurement. Mean and standard deviation from 2300 cell trajectories. D) Stress strain 
diagram and linear fit to determine the Young’s modulus of one set of A375 cells. E) Resulting Young's moduli as function of 
applied stress σ from six independent measurements as shown in D, representing about 2500 cells each. 
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Limitations of the method 

While cells are not harmed punctually as in force spectroscopy when using the microfluidic 
method, there are indications that the cells do not run through the measurement completely 
unaffected. Figure 5 shows the deformation of the cells as a function of the x-position. The 
deformation is measured by approximating the cell’s outline by an ellipse and evaluating its 
eccentricity ε.  

Eccentricity designates the ratio of the distance 
between the foci of the ellipse and its major axis 
length. The value ranges between 0 and 1, where the 
degenerate cases are 0, a circle and 1, a line. Before 
the stenosis, the cells are already slightly elongated 
with 𝜀 = 0.4. When passing the stenosis, the cell is 
deformed and lengthened, and the eccentricity rises 
to almost 1, because the stenosis is much narrower 
than the cell’s diameter. After the stenosis, the cells 
relax, but not fully. The cells remain elongated with 
𝜀 = 0.6 when leaving the camera’s field of view. 
Comparing the ellipses as depicted in Fig. 5 for 𝜀 = 0.4 
and 𝜀 = 0.6, it should be noted that the difference is 
measurably large, but not particularly significant. 
Following the flow field, the cells deform and recover 
faster in a shorter stenosis with length e=55µm than 
passing a longer stenosis with length e=165µm. The 
more abrupt deformation seems to allow for better 
recovery. Whether the cells will return to their original 
shape after a longer period of time cannot be 
concluded from this data. Additionally, occasional 
events of cell rupture or budding were witnessed, when a large cell reached the widening part 
of the stenosis. Concluding, the microfluidic method comes with limitations. If the cells are 
particularly sensitive or if the focus lies on the cells’ viability after the measurement, those 
permanent damages have to be taken into account and the design of the stenosis may need 
to be adapted e.g. by widening the narrowest part. In general, however, the advantages 
outweigh the limitations, as a large number of cells can be analyzed in one measurement, the 
analysis is automatic, and the measured quantity does not describe selective points, but 
actually the bulk elasticity of an entire cell. 

  

Figure 5 Cell deformation as a function of the 
x-position, the center of the stenosis is at x=0. 
The shape of the cell is approximated by an 
ellipse. The eccentricity ε of an ellipse is the 
distance between the foci divided by the 
major axis length. The labelled ellipses 
illustrate the values.  “Long” and “short” 
stenosis refers to stenoses with length 𝑒 =
165µ𝑚 and 𝑒 = 55µ𝑚, respectively. 
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DISCUSSION 

Comparison of measurement techniques 

 

 

 

 

 

 

 

 

 

Figure 6 shows, that different measurement methods result in different values and different 

measuring uncertainties of the Young’s modulus. Under the label stenosis, the results from the 

microfluidic measurements in Figure 4E are summarized. These result in a value of E = 695 Pa 

± 229 Pa. Comparing AFM with tip (E = 1671 Pa ± 1111 Pa), AFM without tip (E = 660 Pa ± 371 

Pa) and stenosis or microfluidic deformation analysis (E = 695 Pa ± 229 Pa), the results from 

AFM without tip and stenosis are in agreement. Overall, the results of the three measurement 

methods are in the same range, but not particularly precise. In the following, we consult other 

studies to evaluate the broad range of our results.  

Guillou et al., who study the deformation of cells during passage of a channel crossing, publish 

shear moduli of 3T3 fibroblasts between G0(200ms) = 101 ± 8 Pa and G0(5ms) = 590 ± 5 Pa for 

different time constants. For validation, they refer to optical stretcher experiments, which lead 

to values in the range of 70 – 100 Pa. Applying their microfluidic method to GBM tumor 

initiating cells, they find G0 = 440 ± 0.03 Pa, and report AFM results of G0 = 800 − 900 Pa [31]. 

Another set of different cell lines and methods is provided by Chen et al., who also developed 

a microfluidic method, which is based on measuring the changes in pressure while a cell passes 

a stenosis. The results for K562 leukemia cells are 64 Pa from the microfluidic method, 90 Pa 

from micropipette aspiration and 400 Pa measured by AFM. The same three measurement 

methods do not show the same systematics for endothelial cells: 383 Pa from the microfluidic 

method, 100-400 Pa from micropipette aspiration and 700-3000 Pa using AFM [32]. 

To summarize, the value of the elastic modulus depends strongly on the measurement 

method. Comparing different cells’ elasticity must therefore always rely on one method. Even 

within one method, the outcome depends on the details. E.g. in force spectroscopy, low 

indentation depths result in higher and more volatile results, because the actin network close 

to the cell’s surface is rigid and heterogeneous [26]. Between methods, results in the same 

range are satisfactory. Having access to a microfluidic method that is non-invasive is of great 

value, because it yields rapid results, captures information about many cells, and allows for 

reuse of the cells. Therefore, this application may be a very useful tool in the clinical practices 

in the future. 

Figure 6 Comparison of AFM and microfluidic deformation analysis 
of the Young's modulus of A375 cells. AFM: The result of AFM 
measurements with and without tip is the mean and standard 
deviation from measurements on 5 - 15 cells with ∼ 10 force curves 
per cell. Stenosis: Elasticity was also determined based on 
deformation under flow during passage of a stenosis. The value 
here summarizes the six values from Fig. 3, each of which relies on 
trajectories from approximately 2500 cells. 
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CONCLUSION 

In this study, the elasticity of A375 melanoma cells was determined applying different 

methods. By force spectroscopy using cantilevers with and without tip and force mapping we 

emphasize the impact of the inhomogeneity of the cells resulting in higher and more widely 

distributed values using a cantilever with tip. The presented microfluidic method allows for 

high-throughput and minimal invasion. The resulting Young’s moduli coincide with those from 

force spectroscopy without tip in the range of 𝐸 ≈ 700 𝑃𝑎. The method is therefore a 

powerful addition to the common ones needed to detect pathological changes in cell elasticity 

as seen in various diseases starting with cancer, Covid-19, or Malaria. 
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