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Abstract 

Atomic force microscopy is a powerful tool for imaging and characterizing micro and nano-
structures, particularly in the realm of biological membranes and model systems such as cells and 
supported lipid bilayers. The lateral resolution of AFM in liquid environments, necessary for 
studying membrane interactions, poses a challenge. In this study, we explore the imaging of freeze-
dried supported lipid bilayers allowing for the topographical imaging of supported lipid bilayers in 
air with higher resolution as well as the use of Kelvin Probe Force Microscopy to measure electrical 
properties. Despite non-physiological conditions, this technique offers unprecedented insights into 
the study of lipid bilayer structures, bridging the gap between resolution and experimental 
feasibility. This process underscores the potential of freeze-dried supported lipid bilayers in 
advancing our understanding of complex membrane dynamics and membrane interactions in diverse 
experimental settings. The ability to measure the electrical properties of lipid bilayers will greatly 
advance our understanding and determination of membrane properties and their interactions with 
proteins, drugs and toxins. A more complete understanding of the factor intervening in the 
interactions would lead to, for example, better drug development. 

Keywords: supported lipid bilayer; atomic force microscopy; kelvin probe force microscopy; bilayer 
surface potential 
 

1. Introduction 

The study of biological membranes is crucial for understanding cell behavior, responses to 
external stimuli, and interactions with various compounds, including pharmaceutical drugs and 
toxins [1–4]. Advanced imaging techniques play a central role in unraveling the complex dynamics 
of cellular membranes. Among these advanced imaging techniques, Atomic Force Microscopy (AFM) 
and Kelvin Probe Force Microscopy (KPFM), sometimes referred to as just Kelvin Force Microscopy, 
have emerged as powerful tools, offering nanoscale resolution and unique capabilities to probe the 
mechanical and electrical properties of biological specimens [5–7]. 

AFM, with its ability to provide high-resolution topographical images and mechanical maps of 
biological samples, has been widely employed to investigate the surface morphology of cells and 
lipid bilayers [8,9]. This technique enables the exploration of the nanoscale structure of membranes, 
offering insights into their organization and mechanical properties. Meanwhile, KPFM, a variant of 
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AFM, introduces the capability to map the surface potential of samples with high sensitivity by 
measuring the work function difference between the AFM tip and the sample surface [10], and if 
adequately implemented KPFM could provide valuable information about the local electronic 
properties of biological membranes. However, KPFM faces challenges related to its application in 
liquid environments due to the presence of water layers that can affect the accuracy of potential 
measurements [11,12]. Because of this, the available studies of biological samples scanned using 
KPFM have been in air instead of liquid environments [13].  

Other techniques like quantitative surface conductivity microscopy (QSCM), a variation of 
Scanning Ion Conductance Microscopy (SICM) [14],  and Vibrational Stark Effect (VSE) 
Spectroscopy [15], have circumvented the problem of imagining and measuring electrical properties 
of lipid bilayers in liquid environments but have complications of their own. For instance, QSCM 
requires a precise modeling of the nanopipette tip-surface interaction through a Poisson–Nernst–
Planck analysis, however the tip radius needed for the SICM imaging is not as reproducible during 
nanopipette fabrication which causes a mismatch between experiment and modeling. On the other 
hand, VSE relies on the sensitivity of the probe used and the assumption that the probe responds 
only to the local electrical environment [16]. With all the above limitations in mind, we believe that 
KPFM could very nicely complement our understanding of electrical properties and interactions of 
lipid and living membranes, in synergy with the above mentioned techniques and their valuable 
contributions. 

Despite the limitations of KPFM, Drolle et al. were able to measure air-dried monolayers with 
and without cholesterol and were able to correlate height differences, or topographic domains, with 
electrostatic domains by using AFM and KPFM [17]. These results help advance the understanding 
of the effect of cholesterol on the interaction of model lipid membranes with amyloid-β peptide. The 
use of monolayers limits the applicability of the results as the exposed region of the monolayer is the 
hydrocarbon tails of the lipids, not the headgroups which are the exposed region in a cell or liposome 
that interacts with external agents like toxins. 

This work focuses on the combined use of AFM and KPFM to investigate supported lipid 
bilayers (SLB) imaged both in aqueous and air environments. For imaging in air, we make use of 
SLBs that have undergone a freeze-drying process. Supported lipid bilayers serve as model systems 
that enable controlled studies of model membrane structure and dynamics [18,19]. Freeze-drying, a 
widely utilized preservation technique, offers an innovative approach to investigate lipid bilayer 
structure in air, improving the lateral resolution. The choice of freeze-drying instead of air-drying or 
even heat-drying is to minimize violent processes, such as boiling, and have a better control of the 
water removal. The importance of conducting KPFM imaging in air lies in the potential to explore 
the electrical properties of lipid bilayers, whereas for AFM, the lack of an aqueous environment could 
lead to an increased imaging resolution. This experimental setup will add to the battery of tools for 
the study of the interactions of lipid bilayers with pharmaceutical drugs and toxins from the 
perspective of electrical and electrostatic interactions by means of AFM. The integration of AFM and 
KPFM in the study of freeze-dried or lyophilized supported lipid bilayers (F-SLB) represents a 
cutting-edge approach to elucidate the nanoscale structure as well as mechanical and electronic 
properties of biological membranes. This research not only contributes to our fundamental 
understanding of cell membrane dynamics but also holds promise for applications in drug 
development and toxicology. 

2. Materials and Methods 

Chemicals 
1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) and cholesterol (Chol) from Avanti  and 

ergosterol (Ergo) from Sigma were purchased from Sigma-Aldrich (Toluca, Mexico). Chloroform and 
methanol from Meyer were purchased from Química Sefir (Mexico City, Mexico). The lipids in 
powder form and their stock solutions in chloroform were kept at -20 °C.   

Liposome preparation 
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Liposomes were prepared with the thin film hydration method [20]. In brief, required amounts 
of lipids in chloroform solution were deposited into a round-bottomed flask. Solvent was evaporated 
using an R-II rotary evaporator (Büchi, Flawil, Switzerland) for 45-60 min at 40 °C and 300 mBar 
followed by another 45-60 min at 72 mBar. The dry lipid film was hydrated using distilled water with 
conductivity lower than 2 µS/cm (Purific, Cuernavaca, Mexico), mixed using a Vortex-Genie 2 vortex 
generator (Scientific Instruments, Bohemia, USA) and placed in an ultrasonication bath at 50 °C for 
60 min (SONICA 3300 ETH S3 from SOLTEC, Milan, Italy). Liposomes were used within the next 5 
days and stored in a refrigerator at 2-4 °C. The final lipid concentration was 250 µM. 

Supported lipid bilayers 
Lipid bilayers supported on mica substrate were prepared using the vesicle fusion method [21]. 

Briefly, 20 µl of 4 mM CaCl2 solution followed by 80 µl of liposome solution  were placed on freshly 
cleaved mica grade V-4 substrate (SPI Supplies, West Chester, USA) inside of a 3 ml Nunclon™ Delta 
Petri dish (Thermo Scientific, Waltham, USA). The mica was placed on a heating plate and  heated 
at 50 °C for 5-8 min with the lid on the dish (depending on the lipid mixture). The droplet was washed 
by replacing 50 µl of volume with water at 40°C 10 times. The droplet was left to cool to room 
temperature (21 °C) for at least 45 min before imaging. These are referred to as SLB throughout the 
text. 

Freeze-drying of supported lipid bilayers 
Supported lipid bilayers in liquid were frozen by storage at -20 °C for at least 20 min. After 

freezing, the samples were placed on a FreeZone 2.5 freeze-drier from Labconco at -50 °C and 0.200 - 
0.140 mBar for 1-2 hours depending on the number of samples freeze-dried at once. These samples 
are referred to as F-SLB throughout the text. 

Atomic Force and Kelvin Probe Force Microscopies 
Atomic force microscopy (AFM) measurements in liquid were performed using an XE-Bio 

system from Park Systems in Tapping/Intermittent mode and the XEP acquisition software also from 
Park Systems. The liquid cell accessory was used as well as an All-in-One cantilever of nominal spring 
constant of 7.4 N/m from BudgetSensors. AFM measurements in air were performed using a Solver 
Nano system from NT-MDT Spectrum Instruments (Phoenix, USA) and the Nova Px 3.5.0 acquisition 
software, also from NT-MDT. For topographical measurements a NSC15  (Mikromasch) cantilever 
of nominal spring constant of 40 N/m was used. Meanwhile for KPFM an NSC18/Pt (Mikromasch) of 
nominal spring constants of 2.8 was used. For KPFM the mica substrates were placed on top of a steel 
disc by means of a 12 mm conductive adhesive carbon disc (Ted Pella, Inc, Redding, USA) before 
proceeding to the elaboration of SLBs followed by the freeze-drying process. Measurements were 
made using the I Pass Phase Modulating Scanning Kelvin Microscopy mode. All cantilevers were 
purchased from Nano and More USA Corp. (CA, USA). All scanning probe microscopy images were 
processed with the free and open source software Gwyddion v2.68 [22]. Height and surface potential 
point-data and line profiles were extracted from images using Gwyddion for further analysis. Line 
profiles were then plotted using XmGrace. An offset was applied to the complete topographic point-
data in order to center the response of the mica substrate as a reference point (height ~ 0 nm or surface 
potential ~ 0 mV). Height and surface potential histograms were obtained from the accumulated data. 
The thickness and electrical response of the bilayers were obtained by fitting double- or triple-peak 
gaussian functions to the corresponding accumulated height or surface potential histograms of at 
least 5 topographic images from at least two different  preparations. 

3. Results 

Firstly, it is important to note that SLB structures withstand the freeze-drying process. Although 
there is removal of the bilayer, as can be seen from the height histograms in Figure 1, there is still a 
significant amount of bilayer (from ~ 80% to ~40%). Bilayer coverage, computed from the fitted 
gaussian functions,  is high in all liquid samples whereas in air sampled SLBs the bilayer coverage 
drops significantly. Bilayer coverage drops from 88% to 38% for DPPC SLBs, 73% to 37% for DPPC-
Chol SLBs and from 91% to 38% for DPPC-Ergo SLBs. F-SLBs present similar structure as SLBs 
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obtained in water. The thickness of DPPC SLBs is around 4.7 nm and the thickness of DPPC F-SLBs 
are around 5.5 nm, see Figure 1D and 1J. The thickness of F-SLBs was confirmed using both AFM 
systems (data not shown). 

 

Figure 1. DPPC and DPPC-Sterol Supported Lipid Bilayers. Topographic imagesof SLBs (A-C) and F-SLBs (G-
I). A, D, G and J correspond to DPPC. B, E, H and K correspond to DPPC-Chol. C, F, I and L correspond to DPPC-
Ergo. Corresponding height histograms are shown below each topographic image. Double or triple-peak 
gaussian fitted functions are shown in blue along with height peak and R2 values. For height profiles of liquid-
imaging topography please see Supplementary Material. 

For DPPC-Chol SLB, the thickness histogram presents two peaks, one around 3 and the other at 
4 nm. Once freeze-dried and imaged in air, DPPC-Chol F-SLBs present one single clear peak around 
5.5, similar to DPPC F-SLB. This is a considerable difference that seems to arise from the freeze-drying 
process and could be due to the lack of water in and around the bilayer, increasing the order of the 
lipids within the bilayer, particularly the lipid head groups, and thus, increasing the bilayer thickness. 
In the case of DPPC F-SLBs, there is an interesting effect from the lyophilization process, the single 
bilayer stacks into a multilayer that can be  clearly seen in the height histogram shown in Figure 1J 
where there is a population of data points with height around 11-12 nm, double the height of the 
bilayer. This effect is different for the DPPC-Sterol F-SLBs, where there are no multilayered structures 
but rather lipid aggregates or large debris, seen in Figure 1H as white spots and whose height is 
greater than 12 nm.  

The topographic results obtained from DPPC-Erg SLBs and F-SLBs are shown in Figure 1C, 1F, 
1I and 1L. Similarly to DPPC-Chol SLBs, the height histogram of DPPC-Erg SLBs shows 2 peaks. 
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However, these are closer to each other with one around 2.9 and one around 3.2 nm. There is high 
coverage in liquid environment, similar to the other two lipid mixtures. When freeze-dried, the 
bilayer coverage drops considerably and the histogram shows only one peak for the bilayer thickness. 
The DPPC-Erg F-SLBs show aggregates, much like the case for DPPC-Chol and, notably, the thickness 
for Ergo containing F-SLBs rose to 5.7 nm.  

For Kelvin Probe Microscopy the setup must allow for conductivity from the sample to the 
system. For this, as was mentioned in the methods section, the mica substrate is attached to a steel 
disc by means of carbon tape. The electric contact between the mica and the system is enough to 
detect an electrical potential difference between the cantilever tip and the bilayer surface. Still, care 
must be taken to ensure that the mica surface is in contact with the carbon tape. The results of KPFM 
imaging using this setup are shown in Figures 2–4. There is a clear electrical signal that correlates 
closely with the bilayer structure, as can be seen from the height and surface potential profiles, see 
for example in Figures 2B and 2D. 

 

Figure 2. DPPC Surface Potential. DPPC F-SLB imaged with AFM to obtain topographic (A) and surface 
potential (C) images. There are two clear regions around 450 mV in blue and 50 mV in orange. Line profiles 
corresponding to the 2D-images, height (B) and surface potential (D) respectively. Surface potential histogram 
(E) is shown along with a double-peak gaussian fit with peaks at 47 and 473 mV. 

 
Figure 3. DPPC-Cholesterol 75/25 mol/mol Surface Potential. DPPC-Chol F-SLB imaged with AFM to obtain 
topographic (A) and surface potential (C) images. There are two clear regions around 600 mV in blue and 40 mV 
in orange. Line profiles corresponding to the 2D-images, height (B) and surface potential (D) respectively. 
Surface potential histogram (E) is shown along with a triple-peak gaussian fit with peaks at 14, 182 and 623 mV. 
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Figure 4. DPPC-Ergosterol 75/25 mol/mol Surface Potential. DPPC-Ergo F-SLB imaged with AFM to obtain 
topographic (A) and surface potential (C) images. There are two clear regions around 230 mV in blue and 50 mV 
in red. Line profiles corresponding to the 2D-images, height (B) and surface potential (D) respectively. Surface 
potential histogram (E) is shown along with a triple-peak gaussian fit with peaks at -8, 142 and 569 mV. 

4. Discussion and Conclusions 

The increase in bilayer thickness observed for the F-SLBs compared to the SLBs in is a notable 
finding from this study. This considerable difference in thickness is likely due to the lack of water 
surrounding the bilayer in the freeze-dried samples, which may have increased the order of the lipids 
within the bilayer, particularly the lipid head groups, and thus resulted in the increased bilayer 
thickness. A similar effect has been seen for 14:1 PC systems as they become dehydrated and 
measured using Laurdan [23]. This ordering effect induced by dehydration is an important 
consideration when studying phenomena that may be influenced by changes in bilayer structure or 
properties. Moreover, the thickness values between 5.5 and 5.7 nm for F-SLBs, which seems quite 
thick for a bilayer, has been observed in other AFM measurements of DPPC and DPPC/Chol (7/3 
mol/mol) supported lipid bilayers [24]. Albeit, their measurements in liquid are more in 
correspondence with our results in air. This could be due to the difference in the assay buffer used, 
150 mM NaCl PIPES buffer vs distilled water, given that ion-lipid networks could form and make the 
bilayer more ordered [25]. The same work also shows two different mechanical responses for the 
DPPC/Chol system, suggesting that there is a phase segregation, possibly liquid-ordered and liquid-
disordered phase coexistence. However, they did not observe topographical evidence for these phase 
segregations, whereas we do in the height histograms corresponding to SLBs shown in Fig 1. These 
phase coexistence should exist for DPPC/Chol 7/3 as a solid/liquid-ordered according to Almeida 
[26]. The difference with our data could be explained by the phase diagram presented in this latter 
work by Almeida. It shows that at low temperatures, there is solid/liquid-ordered (Lo) phase 
separation. Above 25°C, the system becomes entirely in the Lo phase, with no phase separation. 
García-Arriba et al [24] performed their measurements at 23°C, close to the phase transition 
temperature, whereas we performed our experiments 5°C lower, at 18°C and at 25 mol% of Chol. 
This could account for the difference in observing or not these phase separations events.  

The bilayer stacking observed in the height histogram of DPPC F-SLBs suggests that the 
lyophilization process may have induced some delamination or ʺpeelingʺ of the bilayer, resulting in 
a multilayer structure with the supported bilayer. Despite this potential complication introduced by 
the freeze-drying approach, the F-SLB system still offers the advantages of good resolution and 
allows for the measurement of electrical properties, such as surface potential, via Kelvin Probe Force 
Microscopy. As mentioned, the setup for these KPFM measurements must ensure proper 
conductivity from the sample to the system. The results of KPFM are noteworthy, especially 
considering that DPPC is a zwitterionic lipid, being neutral at physiological pH. However, the lack 
of bulk water, and thus lack of meaning of pH, could influence the electrical properties of lipids.  
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In all cases, the mica surface has a lower electric potential than the bilayer structures. Taking the 
potential difference as ΔV=Vbilayer - Vmica the values obtained are ΔVDPPC = 427 mV,  ΔVchol = 609 mV 
and ΔVerg = 578 mV. In the case of DPPC-Sterol F-SLBs the electrical response clearly shows a three-
peak distribution, in these cases, the response of the mica was taken as the lowest value and the 
response from the bilayer was taken as the highest peak in correspondence to the height profiles, 500 
mV or 600 mV for either Chol or Erg.  The appearance of three peaks could be due to the presence 
of what appears to be bilayer debris on the mica surface (data not shown) probably left behind during 
the freeze-drying process.  

The above results suggest that there is a change in the electrostatic surface potential of DPPC 
bilayers due to the presence of sterol. This varies slightly depending on the sterol used. This could 
influence the interaction between bilayers and drugs and/or toxins, for example polyene 
antimycotics, that have distinct activity on model membranes with or without sterol [27]. Another 
noteworthy observation is the correlation between lipid phase segregation into small domains and 
their electrical response (See Figures 4B and 4B). Albeit weak, there is correlation between lipid 
regions of different height and the surface potential. This increase could be due only to height 
differences, however, the electrical response of lipid aggregates or large debris seen in all topographic 
images does not show an increase with respect to the surroundings which one would expect to be 
sharp if it was only height-driven. With this in mind, there seems to be an electrical difference 
between the observed lipid domain structures and the rest of the bilayer. 

Summarizing, this study demonstrates that SLBs can be subjected to a freeze-drying process, 
though with some loss of bilayer coverage. F-SLBs showed increased bilayer thickness compared to 
SLBs, likely due to reduced hydration. Importantly, the lack of water allowed for electrical property 
measurements via Kelvin Probe Force Microscopy, revealing differences in surface potential between 
DPPC and DPPC-Sterol bilayers. As a major improvement on the study of biological samples we 
showed that the use of F-SLBs is worth exploring further. Of course it is a new technique that has 
room for improvement. We surmise that these results will motivate the development of new methods 
to study electrical properties of supported lipid bilayers in impactful ways. Finally, we showed that 
KPFM can resolve the electrostatic fingerprints of sterol-containing bilayers and that F-SLBs have a 
similar structure compared to their liquid counterpart, providing a new comparative metric to 
evaluate bilayers in the context of cell response to external stimuli and membrane interactions with 
various pharmaceutical drugs and toxins of interest. 

Supplementary Materials: The following supporting information can be downloaded at the website of this 
paper posted on Preprints.org. 
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Abbreviations 

The following abbreviations are used in this manuscript: 

AFM Atomic Force Microscopy 
KPFM Kelvin Probe Force Microscopy 
SLB Supported Lipid Bilayer 
F-SLB 
DPPC 
Chol 
Ergosterol 

Freeze-dried Supported Lipid Bilayer 
1,2-dipalmitoyl-sn-glycero-3-phosphocholine 
Cholesterol 
Ergosterol 
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