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Abstract: Environmental DNA (eDNA) is an increasingly popular tool for detection, monitoring and
characterising biodiversity. However, implementing eDNA-based approaches in terrestrial
environments is more complex than in aquatic environments due to the many potential substrates,
low and variable detection probabilities, lack of standardised sampling and laboratory protocols,
contamination and detection biases, and interpretation challenges. Here, we provide tips to help
terrestrial vertebrate biologists and natural resource managers better implement terrestrial eDNA
(non-aquatic eDNA) techniques. We focus on sampling, laboratory protocols and interpretation
because of their direct impact on the robustness of eDNA studies. Each point we discuss identifies
potential sources of errors and provides recommendations to redress and fast-track the use of eDNA
approaches in terrestrial biomonitoring.
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1. Introduction

Environmental DNA (eDNA) is changing how wildlife surveys and conservation decisions are
implemented in the Anthropocene. Through the analysis of DNA fragments present in
environmental samples (e.g., soil, water, air, ice), biologists have successfully identified single target
species (rare, endangered or invasive) (Ficetola et al., 2008; Rojahn et al., 2021; Serrao et al., 2021),
studied entire communities (Boussarie et al., 2018; Rourke et al., 2022; Ruiz- et al., 2023), assessed
ecosystem health and functioning (Cordier et al., 2021), revealed biogeographic patterns (Dibattista
et al., 2022; Holman et al., 2021), obtained population genetic metrics (Andres et al., 2023; Sigsgaard
et al., 2020) and estimated biomass (Klymus et al., 2015; Rourke et al., 2022; Spear, Embke, Krysan, &
Vander, 2021). New innovations and perspectives continue to be regularly documented (Adams et
al., 2019; Bracken et al., 2019; Thakur & Roy, 2020).

Although eDNA approaches began with terrestrial studies in the 1980s (Ogram et al., 1987), they
have since been applied much more extensively in aquatic environments (Boussarie et al., 2018; Stat
et al., 2017; Suarez-bregua et al., 2022; Zhang et al., 2022). Only a handful of studies have exclusively
used terrestrial samples (Aucone et al., 2023; Kyle et al., 2022; Leempoel et al., 2020; Neice & McRae,
2021; Nichols et al., 2015) or provided a general framework for terrestrially derived eDNA in
vertebrate research (but see Brauwer et al.,, 2023; Bruce et al.,, 2021). Since not all aquatic eDNA
guidelines are replicable in terrestrial samples due to spatial heterogeneity of DNA, substrate
composition, target species and their ecology, the application of these techniques to terrestrial
environments has lagged and could be intimidating to terrestrial vertebrate biologists or natural
resource managers with no previous experience in this area. In this article, we provide eight tips to
make eDNA research more accessible to terrestrial vertebrate researchers and managers and to help
them avoid some of the most common pitfalls. These tips follow the sequence of eDNA processing
steps, from field sampling to interpretation of results (Figure 1).

We focus our tips on the analytical workflow because the choice of method and protocol at each
stage can significantly influence the accuracy, reliability and detection probabilities (Bessey et al.,
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2022; Djurhuus et al., 2017; Kwok et al., 2020; Macé et al., 2022). For instance, Erickson et al., (2019)
demonstrated that insufficient eDNA sampling (<15 samples for common species and <45 samples
for rare species) can easily result in false-negative detection (i.e., failure to detect target eDNA that is
actually in the sample). Each of the eight tips presented here points out recurrent errors and traps
and provides recommendations to enable seamless application of eDNA in terrestrial vertebrate
biomonitoring.
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Figure 1. Conceptual workflow showing eDNA steps and corresponding tip(s) for terrestrial vertebrate

research.

Tip 1: Select the Sampling Substrate Carefully.

The rationale behind eDNA is twofold: organisms naturally shed cell fragments and exogenous
DNA into their surroundings and these genetic signals can be extracted from a variety of
environmental substrates (water, soil, leaf litter, sediments or air) to provide information about the
organism (Ficetola et al., 2008; Taberlet et al., 2012, 2018; Thomsen & Willerslev, 2015c). Substrate
type can bias DNA recovery and also lead to the detection of eDNA originating from outside the
study area or time frame and may therefore be a source of errors in eDNA research (Hermans et al.,
2018; Koziol et al., 2019; van der Heyde et al., 2020). Currently, there is no general rule for selecting
the optimal eDNA substrate for terrestrial vertebrate research, and the mechanism that influences the
presence, concentration and persistence of eDNA in each terrestrial substrate through time and space
remains unclear. However, a body of evidence has shown that soil (Andersen et al. 2012; Ryan et al.
2022a), air (Clare et al. 2021; Lynggaard et al. 2022; Roger et al. 2022), tree bark (Allen et al. 2023),
browsed twigs (Kudoh 2020; Nichols et al. 2012), artificial covers (Kyle et al. 2022) (Matthias et al.,
2021) and natural saltlick (Ishige et al. 2017) can reliably provide information about the occurrence,
distribution and diversity of terrestrial vertebrates.
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A pragmatic way to determine the suitability and availability of substrate in terrestrial
environments is to consider: (i) the biology and ecology of the target organism, since the DNA
shedding rates vary between organisms, large-bodied animals often shedding more DNA compared
to small-bodied animals and DNA concentration increasing in the environment during a
reproductive bout or acute stress (Maruyama et al., 2014), (ii) the degree to which organisms interact
with the potential substrate, as ample evidence shows high DNA recovery on substrate collected at
the area of animal frequentation (Pilliod et al., 2014), (iii) chemical and enzymatic composition in a
substrate because substrates such as soil contain chemical compounds that bind to DNA molecules
thus affecting the amount of DNA that can be extracted (Cai et al., 2006), and (iv) environmental
conditionscan influence DNA decay and degradation such as substrates that are directly exposed to
high temperatures and ultra-violet light (e.g., desert environments) having a reduced likelihood of
DNA recovery (Levy-booth et al., 2007; Stewart, 2019). In cases where a priori information about the
organism is missing, we suggest collecting and simultaneously analysing multiple substrate types
(also see Tip 2) from locations where the study organisms are thought to occur.

Tip 2: Sample Size Matters

Appropriate sampling is critical for obtaining accurate biodiversity metrics (e.g., species
richness, community composition etc) in ecological surveys. It can be a serious problem in terrestrial
eDNA-based studies since it confers replication errors and retains a false null hypothesis in case of
small sample size (Erickson et al., 2019; Guerra-castro et al., 2021) or leads to wastage of resources
when an unnecessarily large number of samples are analysed (Burgess, Jackson, and Murrell 2022).
Sample size calculation for terrestrial eDNA can be complicated because wild terrestrial vertebrates
exhibit a high level of spatial heterogeneity leading to the patchy distribution of eDNA across the
habitat. Many eDNA-based studies normally base their sample size on the available budget or the
assumption that larger sample numbers or volume increase detection probability (Spear, Embke,
Krysan, & Vander Zanden, 2021; Thomas et al.,, 2018). To avoid inherent errors associated with
over/under-sampling, we recommend the use of power analysis or other estimators such as
rarefaction and asymptotic richness to estimate the appropriate sample size or range (Gotelli and
Colwell 2001). The selected calculation method should aim to account for the variation that could be
introduced by environmental conditions, i.e. the biomass of the target species and the dispersion of
DNA in the environment (Furlan & Gleeson, 2016).

When working with harmonizable substrates such as soil or artificial surfaces, multiple samples
can be collected within sites, pooled, and then homogenized to produce a final sample that is
“homogeneous”. Then a smaller subsample can be taken and analysed as a representative of the
entire mixed sample or site (Allen et al. 2023; Ryan et al. 2022b). Sample pooling can bias the ability
to detect rare species and local endemics by masking their DNA (Manter, Weir, and Vivanco 2010).
Conversely, it may be useful in reducing the sample number, variability and cost of analysis,
especially when using DNA metabarcoding approaches to obtain total taxonomic inventories and
diversity estimates (Sato et al., 2017; Wainer et al., 2020).

Sample volume (i.e., the bulk of the sample collected) also needs to be considered during sample
size calculation (Nascimento et al., 2018). The volume can influence the reproducibility of the eDNA
detection. For example, a small soil mass (e.g., 0.25g) has high detection potential for rare species as
well as high reproducibility for target species relative to larger soil volumes (e.g., 10g)(Morita &
Akao, 2021). Larger sample volumes (>10g) are also expensive to handle as most DNA extraction kits
can handle a maximum of 10g (Qiagen PowerMax Soil kit). Therefore, a trade-off between sample
number and sample volume should be considered based on the goal of the study and the abundance
of the target species (Sepulveda et al., 2019). Generally, two to ten samples per site have been
sufficient for >95% detections of target organisms (Aylward et al. 2018; C. Goldberg 2017; Neice and
McRae 2021). When targeting rare and cryptic species or sampling in remote and inaccessible areas,
however, we recommend collecting as many samples as possible to increase the detection probability
or conducting a pilot study where species presence or abundance is known.
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Tip 3: Choose the Sample Preservation Method Thoughtfully.

Sample preservation is an important step in the eDNA workflow as it can significantly impact
eDNA recovery rates and the probability of false negative results. Ideally, field sampling and
preservation followed by rapid eDNA extraction is recommended for environmental samples. This
minimises DNA degradation and leads to optimal DNA concentrations of target taxa. However, this
is sometimes not possible due to some eDNA substrate types or logistical constraints (e.g., remote
field sites). Sample pre-treatment is required to allow long-term sample storage with minimal eDNA
degradation. Various methods are frequently used to preserve and transport terrestrial eDNA
samples (Aylward et al. 2018; Leempoel, Hebert, and Hadly 2020; Neice and McRae 2021). These
methods vary depending on the substrate type and availability of resources.

When collecting soil samples in the field for eDNA analysis we suggest researchers use existing
methods such as freezing in liquid nitrogen or placement in buffers (e.g., DNA shield, RNAlater®,
DMSO-EDTA-salt) for ambient storage. Alternatively, soil samples can be mixed with sterile water
and filtered using a fine porous medium that is stable at room temperature(Tsuji et al., 2019). For
substrates such as swabs, air filters and twigs we suggest using absolute ethanol for storing eDNA if
freezing options are unavailable (Erdozain et al., 2019). Researchers should avoid using 75% ethanol
as studies have found a considerable reduction of DNA yield in environmental samples stored at this
concentration (Rissanen et al. 2010).

Once samples are transported to the laboratory, they should be frozen at -80°C or in liquid
nitrogen (-196°C) for long-term storage or at -20°C for short-term preservation. It is also worth noting
that repeated freeze-thaw cycles may compromise the integrity of DNA by altering the structural
integrity of the DNA molecule and should be minimised. Besides considering the quality of sample
preservation, it may be necessary to calculate all costs and risks that are involved with transport,
especially if transport requires several days.

Tip 4: Determine the Analytical Approaches with Care.

There are two primary eDNA analytical approaches: (i) species-specific method (PCR, qPCR,
ddPCR, dPCR) that uses specific barcodes for species identification, and (ii) metabarcoding which
enables simultaneous high-throughput multi-taxa identification using conserved gene regions and
next-generation sequencing. The choice of analytical approach should vary depending on the goal of
the study. A species-specific approach is more sensitive and thus recommended for detecting rare
(Wilcox et al., 2013), endangered (Day et al., 2019), cryptic and invasive terrestrial species (Williams
et al., 2018). Alternatively, eDNA metabarcoding is robust and cost-efficient for community
composition studies, characterizing past and present biodiversity patterns and when targets are
many or unknown (e.g., biosecurity) (Ji et al., 2013; Yoccoz et al., 2012).

Marker choice (i.e., gene type, gene region and size) is another important technical consideration
for both approaches because different gene markers have contrasting resolution, coverage and bias
between taxonomic groups (Ruppert, Kline, and Rahman 2019). Short mitochondrial DNA (mtDNA)
markers have so far dominated eukaryotic eDNA research due to their high copy numbers per cell
and high availability in reference databases (also see Tip 6) compared to nuclear genes. Although
mtDNA markers are effective for species identification they have limited resolution for population
genetics, reproductive events and body size estimation, all of which are key aspects of terrestrial
vertebrate conservation programs (Funk, 2021; Holt & Brown, 2014). Multicopy nuclear DNA
markers such as the internal transcribed spacer (ITS) regions in ribosomal RNA genes can provide
higher resolution and have shown high detectability and yield. We suggest their incorporation
during study design. Two caveats, however, for ITS are that there are very few vertebrate sequences
currently available for assay development and that the copies of the ITS within an individual may
not be identical. These can lead to complications during the interpretation of results (Navajas et al.,
1999; Xu et al., 2017). Where possible we recommend the combined use of multi-copy nuclear and
mtDNA markers, especially if the goal of the study is to assess how species and populations are
interacting in a given environment.
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A further analytical approach to consider is whether to include a probe and/or blocking primers
during assay development (Klymus et al., 2020; Vestheim & Jarman, 2008). Adding these technical
sequences to the assays can increase the specificity of the selected gene markers or prevent the
amplification and sequencing of non-target molecules.

A major problem in the interpretation of eDNA results is that of accurately knowing when the
eDNA was shed or whether it was shed from dead or living organisms. This is because eDNA is
generally stable and in a substrate, such as soil it can be adsorbed and detected after a long period.
That impacts the precise estimation of the current distribution and abundance of species (Ariza et al.,
2023; Bairoliya et al., 2022). To circumvent this, we suggest trialling eRNA biomarkers as they have a
high turnover or decay rate compared with eDNA and they can be expressed only by living
organisms. They are thus highly effective in inferring real-time occupancy with higher spatial and
temporal resolution (Cristescu, 2019). However, eRNA should be considered only when the target
organisms are known to occur a priori so as to avoid wasting resources (Yates et al., 2021).

Other considerations include the choice of bioinformatic software to analyse the eDNA
metabarcoding data. Most common software uses clustering of operational taxonomic units (Boyer
et al., 2016; Edgar, 2010; Schloss et al., 2009) or inference of amplicon sequence variants to in turn
infer sample sequences (Callahan et al., 2016). The clustering-based approach groups read into
operational taxonomic units (OTUs) based on sequence similarity thresholds, typically 97%, while
amplicon sequence variants (ASVs) infer reads that differ from as little as one single nucleotide using
a set error model for sequencing run (Callahan et al., 2017; Kozich et al.,, 2013). Although the
clustering-based approach is efficient in reducing the impact of sequencing errors, retaining rare
sequences and reducing the computational burden on the analysis (Schloss & Westcott, 2011), ASV-
based methods are more accurate and generate more desirable results especially when estimating
alpha and beta diversities (Callahan et al., 2017; Chiarello et al., 2022; Joos et al., 2020). In addition,
ASV results can be readily compared between studies using the same gene region as they are
generated without clustering or the use of reference databases (Nearing et al., 2018). As eDNA studies
move towards approaches with increased reproducibility, accuracy, sensitivity and ease of
comparison between studies we recommend the utility of ASV-based software or pipelines like
PEMA that support both OTU clustering and ASV inferences (Zafeiropoulos et al., 2020).

Tip 5: Be Mindful of Contamination.

Sporadic and systemic sample contamination by exogenous DNA is a key challenge in eDNA-
based studies. eDNA approaches utilize the polymerase chain reaction (PCR) to target relatively short
DNA fragments (< 200bp), and so can be highly prone to co-amplification of any contaminant DNA
in the sample. This is a significant issue. It not only leads to false-positive results but may also lead
to false-negative results due to competition or bias during PCR amplification (Furlan et al., 2020;
Sepulveda et al., 2020; Thomsen & Willerslev, 2015a).

Contamination occurs subtly and inadvertently and so it can be hard to detect and eliminate in
real-time. However, the risk of contamination can be significantly reduced by establishing a clean
and consistent protocol for every stage of the workflow (i.e., from sample acquisition to laboratory
analysis). In the field, single-use disposable supplies should preferentially be used. Decontamination
with standard laboratory-grade chemicals (e.g., 10% commercial bleach) is typically ineffective
(Aitken 2019; C. S. Goldberg et al. 2016; Wilcox et al. 2016) especially in removing modern DNA
(Gilbert et al. 2006). Reusable field equipment should be cleaned with 50% bleach solution and rinsed
thoroughly using sterilised water or ethanol (C. S. Goldberg et al. 2016). To ascertain sample point
independence and quantify potential contamination, negative field controls (i.e., eDNA substrate
collected using the same protocol and equipment, preserved and processed in the same way as field
samples) should be included for every sampling point (Dickie et al. 2018). DNA can be carried from
one sampling location to the next on clothing (e.g., on boots) and sampling gear. Therefore, the
sampling researcher should, when and where possible, avoid using the same unwashed clothing at
different localities (Herder et al. 2014). To prevent sample-to-sample contamination, the outside of
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the sample tube should be cleaned with bleach post-collection and placed individually in a sealed
bag.

Terrestrial eDNA samples should be stored and processed in a dedicated facility (hereafter Trace
DNA laboratory) that is physically separated from rooms where high-quantity DNA extraction and
PCR products are handled. Ideally, the room should be fitted with positive air pressure (Taberlet
1999). Movements in the Trace DNA laboratory should strictly be ‘one-way’ i.e., a researcher should
not enter the trace lab if they have, on the same day (or since they last showered), been in laboratories
containing biological samples, DNA extracts or PCR products. To reduce the chances of introducing
contaminant DNA, all supplies and equipment should not leave the lab and appropriate Personal
Protection Equipment should always be worn. Further, disposable shoe covers, lab coats, face masks
and hair nets should be worn inside the PCR setup and DNA extraction areas and replaced after each
use (] M Young, Austin, and Weyrich 2017). No supplies or equipment in the Trace DNA laboratory
should leave the room. Any surface coming into contact with DNA samples or PCR products should
be sterilized using UV or 50% bleach. It is advisable to wipe clean the benchtop work surface using 6
-10% bleach or DNA AWAY™ Surface Decontaminant before and after using the workstations.

The researcher should always include positive controls, extraction blank controls and non-
template controls (Jennifer M Young, Weyrich, and Cooper 2014) in each step of eDNA extraction
and PCR. Experimental controls are crucial in monitoring user-introduced contamination. They also
help in detecting any contamination introduced by commercial reagents and in monitoring the
increase in background DNA levels in reagents over time, as new reagents are susceptible to
contamination upon opening. When negative controls test positive for a species, all associated
samples testing positive for that species should be discarded to remove false positives.

Tip 6: Strategize on How to Handle Inhibition.

Virtually all environmental samples contain biological particulates and organic compounds such
as acids (i.e., humic, fulvic and tannic), proteins and salts which can directly affect the efficiency of
both DNA extraction and PCR amplification. Inhibition is likely to be more prevalent in
soil/terrestrial substrates than in water samples because they contain high levels of organic matter
and inorganic particles (Amador et al., 1990; Machado et al., 2020). These contaminants are usually
bound to eDNA molecules (Romanowski et al., 1991). They interfere with cell-lysing enzymes during
DNA extraction and impede PCR amplification by reducing DNA polymerase activity, changing
buffer composition, binding to nucleic acids, or quenching the fluorescence signal of the DNA
binding dyes when using qPCR assays (Bachoon, Otero, and Hodson 2001; Hunter et al. 2019; Prosser
2002). Various methods to minimise this inhibition already exist (Castle et al. 2018; Hu et al. 2015;
Schrader et al. 2012) but the choice of the method may lead to insufficient removal of inhibitors as
inhibition tends to vary between substrates and inhibitory substances (Albers et al. 2013; Hu et al.
2015). For example, sample dilution, addition of Bovine Serum Albumin or physical removal of
inhibitors using removal kit columns may be sufficient for substrates with low humic compounds
such as airborne eDNA but significantly inefficient for substrates with highly inhibitory activity e.g.,
soil (Albers et al. 2013). When the target substrate has high levels of organic and inorganic matters,
we recommend incorporating a washing step (i.e., with EDTA or PBS) before the lysis step as this
facilitates the desorption of contaminants and improves the recovery of amplifiable DNA (Braid,
Daniels, and Kitts 2003; Watson and Blackwell 2000).

Another strategy to recommend—fer deal with inhibition is to include an exogenous internal
positive control (IPC) during PCR amplification (Hoofar et al 2004). IPCs are very efficient in
qualitatively detecting the presence of inhibitory substances and identifying false negatives (Kavlick
2018). IPC amplification in the reaction is reduced or completely inhibited by the presence of
inhibitors and this is a useful indicator when monitoring amplification and detection limits. Although
IPC may sometimes cause spurious amplification or compete with the primary target gene for
amplification primers (Hartman, Coyne, and Norwood 2005; Ni et al. 2012), it remains one of the
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most effective options for detecting false positive signals caused by either non-targeted exogenous or
endogenous DNA sequences, or false negative signals caused by impurities that inhibit PCR.

Tip 7: Build a Custom Reference Database.

Taxonomic assignments of eDNA sequences rely heavily on the quality, completeness and
comprehensiveness of the reference databases. The procedural approach after sequencing and raw
data filtration is usually to compare the retrieved eDNA sequences against a reference database. This
transforms the molecular operational taxonomic units into taxonomically described species for data
interpretation (Dormontt et al. 2018). However, databases of vertebrates that are custom-designed for
a given gene or comply with the FAIR principle (Findable, Accessible, Interoperable Reusable) are
still scarce (Berry et al., 2021; van der Heyde et al., 2022; Wilkinson, 2016). For example, the
cytochrome oxidase 1 (COI) gene has over 3.6 million animal sequences publicly available in
GenBank while other common markers such as the 12s and 18s gene have roughly 300000 animal
sequences (http://www.ncbi.nlm.nih.gov). Therefore, selecting a gene region that is not adequately
represented in the database may result in the misidentification of the sequences. To increase the
reliability and breadth of species detection researchers should first verify that the potential target
species are represented in the reference databases (e.g., the European Molecular Biology Laboratory
database (EMBL; http://www.ebi.ac.uk/embl), National Biodiversity DNA Library (NBDL;
https://research.csiro.au/dnalibrary/), Barcode of Life databases (BOLD; https://boldsystems.org/)
and the National Centre for Biotechnology  Information  database  (NCBL
http://www.ncbi.nlm.nih.gov) for that locus. Alternatively, multiple genes could be used in cases
where they may confer greater taxonomic coverage in genetic databases (Drummond et al. 2015).
Multigene analyses can also help in reducing taxonomic bias that may exist in a single assay (Clarke
et al. 2014) as well as decrease the time and cost spent for species identification (De Mattia et al. 2012).

Another way of dealing with incomplete reference databases is to build a custom local reference
database (Schenekar et al. 2020). This entails collecting well-identified annetated target samples from
the field or museum collections, DNA extraction, and then sequencing using either amplicon
approaches or shallow shotgun sequencing. Building a custom reference database is highly
recommended in cases where the taxa are substantially missing from the existing databases or when
the target species may have substantial intra-specific variation. That could render taxonomic
identification problematic despite the species being represented, albeit incompletely, in the database.
Even though building a reference database significantly improves the taxonomic identification at
species-level resolution, it can be cost-prohibitive especially when the number of samples to be
analysed for building a local reference database is high. Depending on the goal of the study and the
number of samples to be analysed, the researcher may consider using the Sanger sequencing
approach (Sanger et al. 1977) which is relatively cheaper.

Species coverage continues to improve in reference databases due to the decreasing cost of
sequencing and rapid generation of reference barcodes by international consortia such as the
International Barcode of Life Consortium (iBOL; https://ibol.org/ ). Researchers should take time
before using the databases to audit sequences in case there is a recent taxonomic revision or there
was a human error.

Tip 8: Interpret the Sequence Read Counts Wisely.

eDNA combined with high-throughput sequencing (HTS) generates millions of sequence reads,
which are then computationally turned into distinct taxonomic units (Taberlet et al., 2012).
Ordinarily, these read counts are used as the default option for diagnosing occurrence (i.e.,
presence/absence of species) or calculating the proportion of DNA for each species as a proxy for its
relative abundance in a sample or area. However, sequencing data contain many inaccuracies
emanating from workflow errors, PCR primer mismatches, analytical software (see Tip 4) and/or
even HTS flow cell design (Skelton et al., 2022; Thomsen & Willerslev, 2015b). This means the
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resultant read counts may not necessarily correlate with true species indices (Kelly et al., 2019; Singer
et al,, 2019).

While there is no one-size-fits-all approach when dealing with read counts, a rigorous quality
control (QC) of the raw sequencing data is highly recommended before any downstream analysis.
QC filter out sequencing errors, PCR artefacts, duplicated reads and sequencing adaptors (Schmieder
& Edwards, 2011). During QC it is important to keep in mind that one’s minimum filtering threshold
for sequence reads may discard rare sequences and obscure the detection of rare species (Deagle et
al., 2018; Quéméré et al., 2013).

2. Concluding Remarks

Anthropogenic pressures are causing biodiversity loss. Their impacts on terrestrial biodiversity
are predicted to increase this century (Cardinale et al., 2012; Newbold et al., 2015; Strona & Bradshaw,
2022). Data shows that the abundance of terrestrial species has fallen by at least 21% and, a
conservative estimate is that 17 vertebrate species have become extinct in the last 100 years (Ceballos
et al., 2020; WWE, 2020). Effective management and conservation efforts of the remaining terrestrial
vertebrates are substantially reliant on our understanding of their population structure and
distribution and, most importantly, on our ability to promptly detect which species are most exposed
to extinction risk and where they occur (Bongaarts, 2019; Hohenlohe et al., 2021; Myers et al., 1998).
Environmental DNA is an efficient, robust and scalable tool to detect and catalogue species at spatial
and temporal scales (Deiner et al., 2021; Thomsen & Willerslev, 2015b). In this article, we have
provided eight general tips to help terrestrial biologists and natural resource managers circumvent
common errors and traps facing eDNA approaches in terrestrial vertebrate biomonitoring.
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