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Abstract: Since the start of the COVID-19 pandemic, people have become aware of materials 
(products) transmitting infection. They have started to focus on the following questions. How can 
bacteria and germs, the sources of infection, maintain their infectivity on materials’ surfaces? To 
what extent can materials prevent this from happening? The SIAA, a non-profit organization of 
many Japanese companies, created an entirely separate international standard for materials’ 
antibacterial, antiviral, and antibiofilm properties (products). The authors have studied the 
academic basis for the operation of the standards and were deeply involved as researchers in 
establishing one of the standards. This paper describes these international standards and some 
representative examples of the authors’ actual use of these standards. It also explains their status 
and future problems. 
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1. Introduction 

Since the COVID-19 pandemic began, people have become aware that materials (products) can 
transmit infection. They started to focus on questions such as the following. How can bacteria and 
germs, the sources of infection, maintain their infectivity on materials’ surfaces? To what extent can 
materials prevent this from happening [1,2]}? On the other hand, for the past 10 years, we have been 
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discussing the standardization of direct evaluation methods for materials and products with SIAA 
(The Society of International Sustaining Growth for Antimicrobial Articles). This is a certification 
body mainly composed of Japanese companies [3]. The number of member firms was almost 200 just 
before the COVID-19 epidemic. Now the number exceeds 1,200. The effort has already borne fruit as 
ISO 4768:2023 on July 18, 2023. (Measurement method of antibiofilm activity on plastic and other 
non-porous surfaces) [4]. On the other hand, standards for antimicrobial products came to fruition in 
2007 as ISO 22196 [5] and for antiviral products as ISO 21702 in 2019 [6], coincidentally just before the 
COVID-19 epidemic. The authors have studied the academic basis for the operation of the standards 
and were deeply involved as researchers in establishing one of the standards [7]. We want to 
introduce these standards in this paper and critically compare them. Through the comparative study, 
we will be able to find some common principles regarding the correlative reactions of bacteria and 
viruses on the surface of materials and in the environment. The findings and discussion will lead to 
the development of new antibacterial, antiviral, and antibiofilm materials. 

2. Antimicrobial Resistance Tests and the ISO Standard 

Materials have long been known to resist bacteria [8–12]. It is assumed that there was a scientific 
basis for the ancient use of bandages soaked in silver compounds, silver and copper tableware, and 
copper tubs. However, as science and technology have progressed, some reasons for this have 
become apparent, although theories still need to be settled. 

Many attempts have been made to evaluate the antimicrobial properties of materials’ surfaces 
[13–20]. Only a few have been studied to the point of being standardized as a common method. The 
most famous is the film covering method. As written above, ISO22196 for evaluating antibacterial 
products was established in 2007. Figure 1 shows the process schematically. This method, also known 
as the film covering method, is the only test method in the world for evaluating the antimicrobial 
resistance of materials. 

 
Figure 1. The schematic procedure for antibacterial materials’ evaluation and film covering method. 

The test organisms are pre-cultured in an appropriate culture medium. Then one dilutes it to a 
predetermined concentration and inoculates the surface of the specimen with a predetermined 
amount. Next, it is covered with a polymer film such as polypropylene film and incubated for a 
predetermined period. The petri dish is then incubated at 35°C with less than 90% humidity. It is 
inoculated on an agar medium in a fixed amount and incubated at 35°C for 24 hours. The colony 
formation units (CFU: Colony Formation Units) are counted. Figure 2 shows a concrete example of 
colonies in agar powders. 
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Figure 2. Observation of colonies on nutrient agar. 

Antimicrobial activity values, for A, are defined in this standard, as shown in Equation (1). 

𝑨𝑨 = −(𝐥𝐥𝐥𝐥𝐥𝐥𝑪𝑪𝒊𝒊 − 𝒍𝒍𝒍𝒍𝒍𝒍𝑪𝑪𝟎𝟎) (1) 

Ci: Number of viable bacteria (CFU) immediately after bacterial inoculation when using the material 
as a control. 
C0: Number of viable bacteria (CFU) after a certain time with the target material. 

By convention, the standard specifies that an antimicrobial activity value of 2 or more, (i.e., a 
reduction in the number of viable bacteria to one-hundredth) is considered to indicate that the 
product had antimicrobial activity. 

In the so-called film covering process, in which a bacterial solution is placed on a sample and 
covered with a PE film, a mutual reaction between the material and the bacterial solution is induced, 
and the results are reflected in the test results. 

The above film adhesion method is the only standard worldwide for evaluating antimicrobial 
resistance as a material property. The key point of the film adhesion method is that the test specimen 
and the test bacterial liquid are adhered to each other by covering them with a film to ensure a reliable 
reaction. However, although non-reactive films (e.g., PE films) are used, their effects may not be 
absent in some cases. In addition, individual differences in the ability or inability to adhere to the 
foils may affect the results. To avoid this, the method does not use a film but evaluates by dropping 
a fixed number of droplets onto the material. As already mentioned, the advantage is simplifying the 
process by not using film and eliminating its effects. On the other hand, the inability to spread the 
bacterial solution uniformly causes variations in the contact area of the droplets, and the dispersal of 
the bacterial solution. Drying causes the death of the bacteria. Selecting an evaluation method by 
comprehensively considering these advantages and disadvantages is necessary. This method is called 
the “drop method”. 

Both methods described above were designed for flat samples. However, the material to be 
evaluated is not always flat. One evaluation method developed for such cases is the “shake method” 
described below. This method was originally intended for textile products. The test solution is 
adjusted to 1.0-5.0x105 CFU/ml by placing 10 ml of 1/500 bouillon medium + bacterial solution in a 
polyethylene bag (70 mm x 100 mm). Then 30 ml of the bacterial solution, the sample, and air are 
sealed by heat sealing. The bag is then incubated at 35°C for 24 hours, and the viable bacterial count 
is measured. 

This “shake method” was modified for plate specimens. In this test method, instead of the bag 
of the shake method, a sterilized polystyrene case with an inner surface composed of several cells is 
used. Each cell is filled with 5 ml of phosphate buffer and 1 ml of bacterial solution. Each cell contains 
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5 ml of phosphate buffer, 1 ml of bacterial solution (104 CFU/ml), and a test strip. It is incubated at 
25°C for 1 hour to measure the number of viable bacteria. This method is called the “dip method”. 

Apart from these, there is another method called the halo method. In this method, a circular or 
rectangular specimen is placed on an agar medium inoculated with a bacterial solution. It is 
incubated under certain conditions, and the antimicrobial activity is qualitatively evaluated by the 
size of the halo formed around the specimen. 

3. Antiviral Resistance Test and Its ISO Standard 

The concept of the film covering method, which was used to evaluate antimicrobial agent levels, 
is also used to assess antiviruses. At first glance, one will notice the similarity with the antimicrobial 
evaluation method. There are two significant differences. 

First, the viral fluid interacts with the material, not the bacteria. The film adhesion method is 
used to cause a reaction between the material and the virus. In other words, a certain amount of virus 
solution is placed on the material’s surface, covered with a PE film, and allowed to lapse for a certain 
period. The virus used can be one that is problematic in a particular country. In Japan, canine 
influenza viruses (A/Hong Kong/8/68:TC adapted ATCC VR-1679) and feline calicivirus (F-9 ATCC 
VR-782), which has a structure like that of norovirus, are used to simulate influenza, which often 
causes epidemics during the winter season. 

Another difference is that viral activity is evaluated by the degree of damage to animal cells by 
the virus, not by the colonies formed on agar. Viruses that react with the surface of the material by 
the film covering method should change their activity to a greater or lesser extent. If the activity does 
not decrease much, the virus will have a solid ability to destroy or transform cells. In contrast, if the 
activity reduces significantly, the virus is expected to hardly destroy or transform cells. 

There are two ways to measure cell damage quantitatively. One is the TCID50 assay [21–25], 
which is used to measure morphological changes caused by viruses in cells. The TCID50 assay is a 
conventional method of assessing viruses from a biological point of view, and it is shown 
schematically in Figure 3. This method uses a phenomenon called “cytopathic effect: CPE” basically 
[26–30]. Unlike bacteria, viruses are not capable of self-propagation [31–33]. They invade a living cell 
called a host cell. They utilize the host’s growth process to multiply within the host cell, destroy the 
host cell, and then migrate out of the host cell to find another host and invade it. This process causes 
infection. Thus, when infection occurs, cells degenerate and are destroyed. Therefore, even though 
the virus is too small to observe, the effect of the virus (infection) can be confirmed by observing how 
the cells degenerate due to infection. This morphological change caused by the virus is CPE. The 
TCID50 is a method for evaluating materials using such cellular degeneration. 

 

Figure 3. Schematic illustration of TCID50 assay. 

Concretely speaking, the assay begins with preparing a series of dilutions of the virus and 
inoculating a certain amount of the virus solutions in cells filled with plastic wells after the film 
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covering method. Then, they are incubated for a period, typically 24 -72 hours. After the incubation, 
the morphological change of cells is observed. The obtained results are calculated based on this 
method [34–36]. The value of TCID50 is the dilution at which 50% of the cell culture show CPE. 

Another method is the plaque assay. In this method, the virus solution is inoculated into the cell 
culture medium and stained with a staining agent such as methylene blue. Areas that are infected 
with the virus and degenerated or detached are not stained by the staining agent. As a result, the 
portion of the cell infected with the virus is not stained. It forms an area that appears as a white circle. 
The number of these plaques is used as an evaluation criterion. This method has the advantage of 
being able to treat the invisible viral infection titer visually, as if it were the number of colonies seen 
in the case of bacterial growth. In the case of the TCID50 method, the evaluation of cellular 
degeneration (CPE) is often highly dependent on the skill of the assayer. 

On the other hand, the plaque method seems less prone to errors and is more practical because 
the effect of infection can be confirmed numerically. The number of plaques is expressed as PFU 
(plaque formation unit), and as the number of a certain concentration. It is a number that reflects the 
infectivity. Figure 4 shows a schematic process of a plaque measured by the author. In this case, the 
cells are MDCK cells, dog kidney cells, and the seeded virus is an influenza virus. Thus, PFUs can be 
counted as one would count colonies. 

 

Figure 4. Plaque assay of viruses and the film covering method. 

Let us consider the case where the number of plaques in the target specimen is Pi and the number 
of initial plaques in the non-processed specimen or control is P0. 

In this case, the infectious titer of the virus can be defined by the following Equation (2). 

Viral infectivity titer by plaque assay = -(logPi - logP0). (2) 

These methods can be used to evaluate the infectivity (viral infection titer, titer) of viruses that are 
difficult to visualize at the nano-order. 

4. Antibiofilm Resistance Test and Its Standard 

Biofilm is a thin film of material that is formed when the number of bacteria adhering to the 
surface of a material increases and the bacterial density exceeds a predetermined value. At this point 
the bacteria simultaneously eject polysaccharides [37–44]. 

For both the antimicrobial and antiviral evaluations of the products, the film adhesion method 
was used as a method to cause interaction with the materials. The biofilm evaluation method differs 
from these methods in that it does not use the film adhesion method. 

As already mentioned, biofilms are formed on the surface of materials by the action of bacteria. 
Figure 5 shows the general process of biofilm formation. Bacteria floating individually in the 
environment (planktonic bacteria) are usually in motion in search of nutrients. Nutrients for many 
bacteria are carbon compounds, which are often adsorbed on the surface of materials. This is because 
material surfaces are energetically unstable (high state) and tend to be stabilized by the adsorption of 
various micromaterials. The micro-uniform film of carbon compounds is called a conditioning film. 
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Bacteria adsorb on the material surface near the conditioning film to get nutrition. When the number 
of bacteria adhering to a surface exceeds a certain number (in a certain localized area) one of the 
signaling phenomena called quorum sensing occurs. It causes the bacteria to simultaneously produce 
polysaccharides. 

 
Figure 5. Schematic illustration of Biofilm Formation Process. 

A viscous, heterogeneous film-like substance is thus formed, in which the polysaccharides are 
mixed with the water on the surface of the material. This is a biofilm. The biofilm formed grows as a 
biofilm with a complex composition, containing inorganic and organic components from the 
substrate material, the environment, and dead bacteria. This biofilm will be strongly correlated with 
the substrate material. Their involvement depends on the cohesive strength of the base material, 
specifically, whether it is a metallic material, a ceramic, or a polymer. For example, in the case of 
metallic materials, ions are formed by dissolution. These ions interact with extracellular polymeric 
substances (EPS), which are biofilm components, The ions form complexes with them. In the case of 
polymers and ceramics, the interaction is different. Biofilms never continue to grow indefinitely. They 
will collapse at some point. Many factors may contribute to this. For example, a biofilm may leave 
the material under the influence of flow. Mechanical forces may also detach it. Other organisms may 
absorb the entire biofilm as nourishment. Even in the absence of these external factors, bacterial 
proliferation within the biofilm may progress, and the nutrition shared by the bacteria within the 
biofilm may become insufficient. This might lead to an imbalance between the number of bacteria 
and the amount of nutrition and result in the collapse of biofilm. From the destroyed biofilm, the 
bacteria revert to floating bacteria and float around, looking for other sites for biofilm formation. In 
this way, the biofilm is expected to gradually spread. As this example shows, antibiofilm properties 
are not the same as antibacterial properties. From an antibiofilm point of view, the most significant 
difference is that the major feature that forms biofilms is EPSs. Therefore, an appropriate biofilm 
evaluation method should include an evaluation of the EPS. It should also contain a quantitative 
evaluation method for its use and effect on industry. 

Many methods for biofilm evaluation have been proposed. These methods range from those 
aimed at elucidating basic phenomena and proposing mechanisms to industrial evaluation methods. 

Of course, biofilms are formed in the real environment. However, from the perspective of 
developing antibiofilm materials, it is sometimes difficult to conduct experiments in a real 
environment for various reasons. In such cases, accelerated tests that simulate the real environment 
are carried out in a laboratory. These methods for forming biofilms are called biofilm reactors. If the 
reactor is restricted to the laboratory, the reactor is referred to as a Laboratory Biofilm Reactor (LBR). 
LBRs can be broadly classified into two categories: static systems, in which materials are immersed 
in a bacterial fluid without considering flow, and flow systems, where the flow is considered [44]. 

The colony biofilm assay is probably the easiest method for biofilm formation. Bacteria are 
inoculated onto an agar medium to form colonies. The bacterial-derived polymers aggregate and are 
observed [45–47]. For this method, it seems to be difficult to distinguish biofilms with the naked eye. 
The combination of the material and bacteria forms biofilms. However, because the material side is 
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an agar medium, it is impossible to see the effect of the combination of the material and bacteria. This 
is not sufficient (from the viewpoint of material development) because critical information is missing. 

On the other hand, a microtiter plate assay has been proposed and implemented separately [48–
52]. This method uses plastic wells filled with a liquid medium, in which bacteria are inoculated. 
Biofilm is formed and the bacterial solution is removed. Then the vessel walls are stained with crystal 
violet solution to evaluate the amount of biofilm formation. Although this method was initially 
proposed for use in biology, it is like the Colony biofilm assay because it still needs the material 
combination. Using the biofilm assay, one can at least examine the behavior of biofilm formation on 
the plastic material since it is a plastic vessel wall. However, if the material is changed (for example, 
if one wants to measure biofilm formation behavior on metal), then it isn’t easy to evaluate the biofilm 
formation behavior. Therefore, one should immerse the target material in the wells, as in the 
experiment conducted by the authors [2]. This concept has led to the international standard, which 
will be described later. 

In contrast to these static methods, a reactor has been proposed that considers flow. Flow is very 
important in real-world conditions for biofilm formation. The details are described in Lewandowski’s 
work [44] and the authors’ work [1,2]. 

The two main classifications for how the flow is created are as follows. One is a tubular system 
through which a liquid containing bacteria flows at a specific flow rate [53–56]. Biofilms form on the 
surface of the tube and are affected by the flow. Changes in flow velocity allow one to study the 
effects of shear stress on the biofilm. From the standpoint of materials research, the device’s shape, 
structure, etc., is determined by how the materials are secured inside the tube. 

The other type is a reactor in which the flow is caused by rotation [54,56–60]. Various types of 
reactors have been proposed, depending on the rotation method. One can flow a bacterial solution to 
form a biofilm on a stationary material or place the material on a disk and rotate it. The point is that 
the rotation causes the total motion of the material and the bacterial fluid. 

The above is a classification and brief description of laboratory biofilm reactors. On the other 
hand, it is necessary to analyze the properties of the biofilm formed by the biofilm reactor (qualitative 
analysis) and to measure its quantity (quantitative analysis). Various studies have been conducted 
on the evaluation of such analysis. Various methods have been proposed for analyzing biofilms. 
Biofilms on materials have been approached from the viewpoint of material surface analysis, using 
high-tech and often expensive analytical equipment. 

The most successful method for evaluation is the use of confocal laser microscopy. A few 
examples are cited [61–65]. Confocal Laser Scanning Microscopy (CLSM) provides optical 
tomography. This allows us to focus on a specific sample depth and obtain a clear image of that plane. 
Repeating this process allows each biofilm layer to be observed one after the other, and the three-
dimensional structure can be reconstructed. The reason why biofilm observation with CLSM is so 
valuable is that this technology can visualize the three-dimensional structure of biofilms in high 
resolution and detail. Biofilms are aggregates of microorganisms. Therefore, detailed observation of 
their three-dimensional structure is essential to understanding their biological and physical 
properties. Many studies have analyzed biofilms using electron microscopy (SEM, TEM, and FIB-
SEM) [66–74], AFM or STM [75–90]. These studies provide excellent examples of topographically 
observing the shape of biofilms and the presence of bacteria. FTIR and Raman spectroscopy are 
complementary to each other, having their own strengths and weaknesses. It is most desirable to 
analyze them in combination. 

The primary characteristic of biofilms is the presence of polymers derived from bacteria. 
Consider a mixture of polymers derived from bacteria, called EPS, which is the essence of biofilms. 
From a materials science perspective, they can be viewed as thin films of organic matter on various 
materials (products). Therefore, Raman spectroscopy, FTIR-ATR, is often used to measure biofilms 
because it is suitable for measuring organic matter formed on the surface of materials [91–98]. 

Analysis using these analyzers provides excellent qualitative findings. However, from an 
industrial standpoint, the quantitative nature of the analysis could be better. 
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As explained above, various methods have already been proposed and studied. However, none 
were inexpensive, quick, easy to use, or quantitative. In addition, as mentioned above, few evaluation 
methods attempted to quantify EPS. SIAA proposed a new quantitative evaluation method based on 
staining with crystal violet. This method was established as ISO4768:2023 on July 18, 2023. It is a 
measurement method of antibiofilm activity on plastic and other non-porous surfaces. 

Biofilm evaluation should consist of two processes, as described above. They include the method 
of biofilm formation and its quantitative assessment. The biofilm production technique is displayed 
in Figure 6. The bacteria used is Staphylococcus epidermidis (ATCC 35984). The bacteria are 
transferred to Tryptic soy broth (TSB) slope medium and incubated at 35°C for 48 hours. After 
incubation, one inoculates the inoculum into 1/5 TSB medium and incubates it at 35°C for 24 hours 
with shaking. Then the specimens are fabricated into 30 mm x 30 mm squares and attached to a 40 
mm x 40 mm glass plate that was placed with the test surface facing up. Then it was placed in a 
sterilization container and steam-pressurized (121°C, 15 min) sterilized. Next, the specimens were 
placed in a sterilized cup. The pre-culture solution, which has been diluted to the third power of 10 
CFU/ml and adjusted, is poured over the specimens so that they are at least 5 mm from the surface 
and incubated at 35°C for 48 hours. After incubation, the following steps are performed. Wash once 
with ion-exchanged water to remove the bacterial solution. Pour 0.1% crystal violet solution into a 
sterile cup, and stain for 30 minutes. Again, care should be taken to ensure that the crystal violet 
solution is at least 5 mm above the surface of the specimen. After 30 minutes, the surface is rinsed in 
the same manner. Wipe twice with a non-woven cloth, and dissolve in 5 ml of 1.0% sodium dodecyl 
sulfate solution. The sodium dodecyl sulfate extract is irradiated with light at 590 nm and the 
absorbance is measured. 

 
Figure 6. Process of biofilms evaluation based on crystal violet staining. 

Since absorbance cannot be an absolute value (physical property value), it may change each time. 
Therefore, if the absorbance of the target specimen obtained in the same test lot is I0, the antibiofilm 
activity value R is defined by the following equation. For this equation, the absorbance of the control, 
Ic, and the antibiofilm activity of the target specimen are evaluated using this R. 

𝑅𝑅 =  𝐼𝐼𝑐𝑐−𝐼𝐼0
𝐼𝐼𝐶𝐶

 x 100(%)  (3) 

𝐼𝐼𝑐𝑐 > 𝐼𝐼0  (4) 

The above test is based on N=3. Empirically, it is known that when the R value is 20% or more, 
the biofilm formation ability is so different that it can be seen by the naked eye. In other words, when 
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the R value is less than 20%, there is almost no difference. When the R-value is negative, there is less 
antibiofilm effect than the control. However, comparisons between those with negative values are 
not usually made. See Figure 7. Biofilm-related standards can be found in ASTM standards in the 
United States and EN standards in Europe. These two standards evaluate the antibiofilm properties 
of drugs, The standard promoted by the authors is the world’s first evaluation method for material 
properties. 

 
Figure 7. Antibiofilm activities and the interpretation example. 

4. Discussion 

A discussion is provided about the work and results, along with information from previous 
studies and future research directions. The summary is as follows. All three standards are new in that 
they consider the interaction between materials and bacteria. The correlation with the material is 
achieved by artificial and accelerated interactions through film adhesion for antibacterial and 
antimicrobial applications. For the antibiofilm evaluation, natural contact is achieved by immersion, 
but acceleration is added by controlling the concentration and duration of time for bacteria to be in 
the environment. From a global perspective, most of the other standards are for drug testing, and this 
is an epoch-making standard because it evaluates the anti-infective properties of the material itself. 
Why do materials affect the activity of bacteria or viruses? Herein lies the basis of a common concept 
in the correlation between bacteria, viruses, and the biofilms they produce and the materials they use. 
When considering bacteria, viruses, and fungi in relation to a material, the direct correlation between 
these microorganisms or particles depends on the interaction forces between the material surface and 
the microorganisms or particles. Figure 8 shows the concept of this hypothesis. In the case of metallic 
materials, the main force is the interaction between the metal ions formed on the material surface and 
the polymer component of the EPS or bacterial surface. In the case of polymers and ceramics, 
intermolecular forces between the material surface and the polymer components mentioned above 
are the main factors. For metallic materials, the main force is the interaction between the metal ions 
formed on the material surface and the polymer component of the EPS or bacterial surface. In the 
case of polymers and ceramics, intermolecular forces between the material surface and the polymer 
components mentioned above are the main factors. As for biofilms, an additional factor is the way a 
biofilm adheres to the material surface. In this sense, wettability such as the contact angle is another 
important factor. 
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Figure 8. Mutual interaction between materials and biofilms. 

The above hypotheses still need to be examined in detail. Although international standards have 
already been established for the test method, future work is needed to further clarify the interaction 
between the material and the biofilm and its mechanism. This will enable the development of new 
analytical methods, evaluation methods, and sensors. 

5. Conclusions 

This paper describes the standards for evaluating materials’ antibacterial, antiviral, and 
antibiofilm properties. It also includes an overview and the familiar concept of the interaction 
between materials and microorganisms. Establishing an everyday basis for evaluation methods will 
greatly help assure and improve quality in the industrial field. It will also provide a strong foundation 
for research and development. The standard needs further detailed academic support and 
refinement. Such a virtuous circle will lead to the further development of the discipline. 
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